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1. Introduction
Much of postgenomic biochemistry and all of struc-

tural biology are based on the premise that the
starting point for both understanding specific bio-
chemical processes, such as affinity, reactivity, or

transport, and surveying proteomes is determining
the three-dimensional structures of proteins. The two
well-established methods for structure determination

* To whom correspondence should be addressed.
† University of California, San Diego.
‡ The Burnham Institute.

Stanley Opella was born in Summit, NJ. He obtained his B.S. in Chemistry
from the University of Kentucky in 1969. His Ph.D. was received from
Stanford University in 1974, where he studied proteins in solution by NMR
spectroscopy with Oleg Jardetzky and Harden McConnell. He was a
postdoctoral fellow at MIT 1975−1976 in the group of John Waugh, where
he performed research involving solid-state NMR spectroscopy. He was
on the faculty of the University of Pennsylvania from 1976 to 2000 and
is currently Professor of Chemistry and Biochemistry at the University of
California, San Diego, where his research is focused on the development
of NMR and its application to proteins.

Francesca Marassi was born in Mantova, Italy. She immigrated to Toronto,
Canada, with her family and subsequently obtained her B.Sc., M.Sc., and
Ph.D. degrees in Chemistry from the University of Toronto, where she
studied NMR of lipids in membranes with Peter MacDonald. She was a
postdoctoral fellow at the University of Pennsylvania from 1993 to 1998.
She was subsequently an Assistant Professor at the Wistar Institute in
Philadelphia from 1998 to 2000 and is currently on the faculty of the
Burnham Institute in La Jolla, CA. Her research interests are focused on
the application of NMR to proteins involved in the regulation of programmed
cell death.

3587Chem. Rev. 2004, 104, 3587−3606

10.1021/cr0304121 CCC: $48.50 © 2004 American Chemical Society
Published on Web 07/22/2004



are highly effective when applied to samples of
soluble globular proteins and their complexes: wit-
ness the enormous growth of the Protein Data Bank.1
However, the vast majority of biological functions are
carried out by proteins associated with supramolecu-
lar assemblies, whose samples are problematic for
both X-ray crystallography and solution NMR spec-
troscopy, since they are generally difficult to crystal-
lize and do not reorient rapidly even when soluble.
The examples of proteins in supramolecular as-
semblies whose structures have been determined
with atomic resolution are exceptional and highlight
the importance of developing new methods of experi-
mental protein structure determination. The es-
sential goals of modern structural biology are to have
the capability to select proteins for study based on
their biological functions and to perform genuinely
unbiased surveys of proteomes unfettered by consid-
erations of the solubility, aggregation state, or other
physical properties of the polypeptides. NMR spec-
troscopy has the potential to accomplish these goals,
since it can be applied to molecules in all physical
states, including the liquid crystalline environments
provided by the lipids associated with membrane
proteins.

Determining the atomic resolution structures of
membrane proteins is of particular interest in con-
temporary structural biology.2 Helical membrane
proteins constitute one-third of the expressed pro-
teins encoded in a genome.3,4 Furthermore, many
drugs have membrane-bound proteins as their recep-
tors, and mutations in membrane proteins result in
human diseases. They also provide daunting techni-
cal challenges for all methods of protein structure
determination, including NMR spectroscopy.5

2. NMR Spectroscopy

NMR is well suited for determining the atomic-
resolution structures of proteins. It is possible to

obtain a separate signal for each atom in a protein.
Not only can these signals be assigned to specific
sites, but also they can be characterized by frequen-
cies that provide both distance and orientation
constraints as input for structure determination. The
potential for determining the structures of proteins
with NMR spectroscopy has always been recog-
nized,6,7 and for globular proteins that reorient
rapidly in solution, the sample conditions, instru-
mentation, experiments, and calculations that lead
to structure determination are now well established
and widely employed.8-11 However, the Achilles’ heel
of high-resolution NMR spectroscopysthe correlation
time problemshas severely limited its applications
to proteins in supramolecular assemblies, especially
membrane proteins with their associated lipids.

2.1. The Correlation Time Problem

The rotational correlation time of the polypeptide
in the sample is the paramount consideration for
NMR spectroscopy. It dictates the sample conditions,
instrumentation, experimental methods, and data
processing calculations. Dealing with the correlation
time problem for membrane proteins is the recurring
theme of structural studies by NMR spectroscopy.

Slow reorientation is the principal reason it is
difficult or impossible to obtain high-resolution spec-
tra of proteins that are large, aggregated, or incor-
porated into supramolecular assemblies using solu-
tion NMR methods. This is illustrated with the
spectra in Figure 1, where the broad, weak signals
from a protein in medium (Figure 1B) and large
(Figure 1C) bicelles contrast with those from the
same protein in micelles (Figure 1A). For membrane
proteins, the correlation time problem can be ad-
dressed in two ways. The most fundamental approach
is through the application of solid-state NMR meth-
ods to membrane proteins in lipid bilayers or large
bicelles where they are effectively immobilized by

Figure 1. Linking of correlation times and alignments of the proteins in the samples. From left to right are isotropic
reorientation to immobile, and no alignment to complete alignment. The samples are described by the q ratio for bicelles,
ranging from 0 for isotropic micelles to 3 for large bicelles to infinity for bilayers, as illustrated schematically. Spectra
A-C are one-dimensional 1H NMR spectra of a membrane protein in various samples: (A) q ) 0 (isotropic micelle); (B) q
) 0.5 (medium sized bicelle); (C) q ) 3.0 (large bicelle).
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their environment. In this situation, radio frequency
irradiations,12,13 and magic angle sample spinning14

or sample alignment,12,15 substitute for molecular
motions as the line-narrowing mechanism. Solution
NMR methods are also applicable, at least for smaller
membrane proteins, since it is possible to prepare
samples of protein-containing micelles or small bi-
celles that reorient rapidly enough to yield well-
resolved spectra, as illustrated by the spectrum in
Figure 1A, although the range of measurements that
can be made is limited compared to what can be done
with samples of soluble globular proteins. At present,
solid-state NMR studies in bilayer environments and
solution NMR studies in micelle environments are
complementary approaches to structure determina-
tion of membrane proteins.5,16 As the awareness of
functional status and the subtleties of interfacial
interactions and dynamics becomes more prominent,
then studies of the most nativelike bilayer environ-
ments where the proteins are immobilized will pre-
dominate, and it is likely that the field will rely
increasingly on solid-state NMR methodology.

2.2. Sample Alignment

NMR approaches that exploit the properties of
aligned samples are crucial for structure determina-
tion of proteins that are not compactly folded, for
example, helical membrane proteins. As illustrated
in Figure 1, the extent of alignment of a protein is
inherently linked to its rotational correlation time
and is of equal importance to the design and imple-
mentation of NMR experiments. Membrane proteins
in lipid bilayers are immobile on the millisecond time
scale and can be completely aligned for solid-state
NMR experiments. It is possible to prepare samples
of protein-containing bilayers aligned between glass
plates where the extent of alignment is similar to
that found in single crystals of peptides.17 In contrast,
membranes proteins in micelles or small bicelles have
rotational correlation times around 10 ns and can be
weakly aligned in samples where the extent of
alignment is about 0.1% of that in the completely
aligned bilayer samples. Moreover, it is sample
alignment that enables seemingly disparate solution
NMR and solid-state NMR approaches to structure
determination to be unified by the principles of
separated local field spectroscopy,18,19 as a way to
map protein structure onto the NMR spectra through
the orientation-dependent frequencies of the dipole-
dipole and chemical shift interactions.16 Oriented
lipid bilayer samples are also useful for studying the
dynamic properties of small peptides that undergo
rotational diffusion in the membrane.20,21

2.3. Local Fields

More than 50 years ago, Pake demonstrated that
the dipole-dipole interaction is anisotropic and a
source of both distance and angular measurements.15

The development of high-resolution solid-state NMR
spectroscopy was initiated 35 years ago so that NMR
could be applied to single-crystal and polycrystalline
and amorphous samples with molecules that are
immobile on laboratory time scales (days). It began

with the demonstration that multiple pulse se-
quences12 could narrow the resonances of abundant
nuclei, especially 1H spins in solid samples. It then
gained much broader applicability to chemical and
biochemical systems by focusing on the multiple
roles, including the detection of magnetization under
high-resolution conditions, of dilute nuclei, typically
13C, but also 15N.13 These same experimental meth-
ods, instruments, and theories work well on samples
where the molecules of interest are immobile on the
significantly shorter time scales of the dipole-dipole
and chemical shift spin interactions (milliseconds).
In NMR spectroscopy, the term solid-state refers to
the effective rotational correlation time of the mol-
ecule rather than the physical state of the sample.
Therefore, NMR methods developed for crystalline
model peptides can be applied to proteins immobi-
lized by the environment of lipid bilayers.

Both high-resolution spectra and the measure-
ments that provide orientation constraints for struc-
ture determination can be obtained from stationary
samples of immobile molecules, as long as they are
aligned along the direction of the applied magnetic
field.22 The archetype of an aligned sample is a single
crystal, where any alignment in the magnetic field
yields high-resolution NMR spectra. The earliest
results15,23 demonstrated two of the most fundamen-
tal features of high-resolution solid-state NMR spec-
troscopy: high spectral resolution can be achieved
by sample alignment, and observable spectral pa-
rameters, such as the frequencies associated with the
dipole-dipole and chemical shift interactions, reflect
the orientations of molecular sites with respect to the
direction of the magnetic field. Because solid-state
NMR procedures can be applied in ways that lead to
selective averaging, as well as the temporal separa-
tion of the evolution of the anisotropic spin interac-
tions, multidimensional solid-state NMR spectra can
be obtained that provide directly interpretable ori-
entation information as input for structure determi-
nation.

Separated local field spectroscopy is an extraordi-
narily powerful approach to structure determina-
tion18,19 and is the cornerstone of protein structure
determination of aligned samples.22,24 It combines
several spectroscopic elements to reduce unwanted
broadening and sort the spectra into frequency
dimensions from the anisotropic heteronuclear di-
polar coupling and chemical shift interactions. Al-
though higher dimensional experiments offer en-
hanced opportunities for spectral resolution of larger
polypeptides and additional frequencies as orienta-
tion constraints,17,25-29 the heteronuclear dipole-
dipole and chemical shift frequencies in two-dimen-
sional separated local field spectra provide adequate
resolution for studies of small and medium sized
uniformly labeled polypeptides.30-35

15N can be readily and inexpensively placed in
every amide site in the backbone of a protein ex-
pressed in bacteria,36 and with somewhat more effort,
this is also possible using other types of expression
systems. This labeling pattern is ideal for separated
local field spectroscopy, since the separation of the
nitrogens from each other by the two intervening
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carbon atoms in the peptide backbone means that
they are naturally dilute, obviating the need for
homonuclear nitrogen decoupling and enabling the
signals from individual sites to be distinguished by
their chemical shift frequencies. High-resolution
separated local field experiments, such as PISEMA37

or SAMMY,38 associate an orientation-dependent
heteronuclear 1H-15N dipolar coupling frequency
with each 15N orientation-dependent chemical shift
frequency. In solution NMR, IPAP (in-phase-anti-
phase) experiments39 are used to measure the re-
sidual dipolar couplings associated with each reso-
nance resolved by virtue of the isotropic 1H and 15N
chemical shift frequencies. It is also possible to apply
this approach to 13C sites in natural abundance or
with isotopic labeling and somewhat more complex
spectroscopic experiments.

Sample alignment is now an integral part of most
NMR structural studies, including solution NMR of
weakly aligned soluble proteins39,40 and membrane
proteins in micelles and small bicelles,41-44 where
motional averaging effectively decouples the interac-
tions and removes line broadening, but there is
sufficient alignment for the measurement of residual
dipolar couplings and chemical shifts. Thus, both
solid-state NMR of completely aligned samples and
solution NMR of weakly aligned samples rely on the
concept of the separated local field, where individual
dipolar couplings, most often 1H-15N in backbone
sites, are measured for individual amide sites re-
solved (separated) by their chemical shift frequencies,
which themselves reflect the orientation of the groups
in the field. The use of orientation constraints
integrates solution NMR and solid-state NMR ap-
proaches to protein structure determination through
the mapping of structure onto the spectra by means
of the anisotropic characteristics of the nuclear spin
interactions. This is the key for structure determi-
nation of helical membrane proteins, which do not
lend themselves to isotropic methods because of the
modular nature and topological arrangements of the
helical segments. Moreover, the highly hydrophobic
amino acid composition of these proteins makes it
difficult to resolve among side chain sites on the basis
of their isotropic chemical shifts.

3. Structure Determination of Membrane Proteins

The process of determining the structures of mem-
brane proteins can be divided into a number of
distinct steps, starting with the selection of target
sequences. Many of the preparative steps are similar
to those utilized in structure determinations by other
methods. However, for NMR spectroscopy, particular
attention needs to be paid to the lipid assemblies
because of their influence on the global and local
motions of the associated polypeptides. Lipids are
amphiphilic molecules with one or two hydrocarbon
chains and a polar or charged headgroup. Certain
lipids assemble into micelles at concentrations above
the critical micelle concentration (cmc), while others
form bicelles or extended bilayers, all of which can
serve as samples for NMR spectroscopy. However,
these assemblies of proteins and lipids are the source

of the correlation time problems that plague conven-
tional solution NMR studies of membrane proteins.

Micelles are small, roughly spherical aggregates of
lipids with their hydrocarbon chains forming an
interior hydrophobic core that solubilizes membrane
proteins. Protein-containing micelles reorient rapidly
enough to give isotropic spectra, as shown in Figure
1A. However, the reorientation occurs slowly com-
pared to that for soluble proteins of similar molecular
mass, and as a result, micelle samples are very
demanding and require careful sample preparation,45

the use of high-field NMR spectrometers, and el-
evated temperatures. At that, many of the most
informative solution NMR experiments cannot be
applied to these samples because the short relaxation
times result in the loss of signals during extended
pulse sequences. Most critically, the issues with
relaxation times also affect measurements of homo-
nuclear 1H-1H NOEs, the principal source of dis-
tance constraints in solution NMR structure deter-
mination. Very few long-range NOEs can be observed
and assigned in helical membrane proteins in mi-
celles. Consequently, the primary source of structural
information is residual dipolar couplings (RDCs)
measured in weakly aligned samples. Weak align-
ment can be induced in these samples by the addition
of lanthanides41,42 or by their incorporation into
stressed polyacrylamide gels.43,46-49 Bicelles are pre-
pared by mixing two different lipids: one type with
longer chains forms the extended bilayer portion, and
the other with shorter chains forms the caps at the
ends of the disks. The sizes of the bicelles can be
adjusted through the ratios of the two types of lipids,
ranging from small isotropic bicelles to large bicelles
that for all practical purposes behave like extended
bilayers.50 They provide the experimental connection
between solution NMR of micelles on one hand and
solid-state NMR of bilayers on the other.

Bilayers (and large bicelles) are the most desirable
lipid assemblies for structural studies of membrane
proteins because they closely mimic the properties
of biological membranes. They require the use of
solid-state NMR methods, since the associated
polypeptides are immobile on the 104 Hz time scale
of the dipole-dipole and chemical shift interactions.
Bilayers can be mechanically aligned between glass
plates. The line widths of the protein resonances
demonstrate that the alignment is complete, with a
dispersion similar to that observed in single crystals
along the direction of the alignment.17 Bicelles can
be aligned magnetically perpendicular to the direc-
tion of the magnetic field or flipped to the parallel
orientation by the addition of lanthanide ions,51 so
that the disks have the same alignment as bilayers
on glass plates.

The angular constraints derived from solid-state
NMR experiments on completely aligned samples
provide reliable and precise structural information.
The independent measurement of frequencies associ-
ated with the anisotropic heteronuclear dipole-dipole
and chemical shift interactions for each backbone
amide site in a protein relative to a single reference
frame, for example, the magnetic field axis for
completely aligned lipid bilayers, means that errors
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do not propagate in a cumulative manner. This is an
extremely important feature of the method that
enables the combination of experimental angular
constraints from individual residues and the well-
established covalent geometry (bond lengths, bond
angles, dihedral angles, planarity of the peptide
linkages) of proteins to be used as the basis for
protein structure determination with atomic resolu-
tion. The resonance frequencies, in both the chemical
shift and dipolar coupling dimensions, depend on the
orientations of the helices, local backbone dihedral
angles, the magnitudes and orientations of the prin-
cipal elements of the 15N chemical shift tensor, and
the N-H bond length. Thus, it is possible to calculate
spectra for any protein structure.52-59

3.1. Target Selection

The first step is to select a protein for structure
determination. A surprise revealed by the analysis
of the sequences of many genomes is that the major-
ity of helical membrane proteins are relatively small
polypeptides with only one or a few trans-membrane
helices.60 Of course, there are larger polypeptides in
this category as well, and the structure determination
of the 300 residue-400 residue proteins with seven
trans-membrane helices is a major goal of structural
biology because of the key roles of this class of
proteins in signaling and binding of drugs. With one-
third of a genome coding for membrane proteins,
there are a vast number of potential targets, whether
specific questions are being asked about biochemical
processes or the structural characteristics of a pro-
teome are being surveyed. Structural studies of
membrane proteins are limited by the capabilities of
the available technology; therefore, target selection
is intimately related to the state of development of
NMR spectroscopy.

Fifteen years ago, when there were no practical
expression systems for membrane proteins, solid-
state NMR studies were limited to polypeptides with
about 25 residues, that could be synthesized and
purified. The two single helix examples provided an
in-plane amphipathic helix (magainin)27,62-65 and a
trans-membrane hydrophobic helix (AchR M2),34

which are the principal features found in the initial
structures of larger membrane proteins determined
by X-ray crystallography. Although synthetic meth-
ods are now greatly improved,61 only minimal progress
could be made with synthetic materials, because of
difficulties encountered in preparing well-behaved
micelle and bilayers samples and because of the
limited or impractical isotopic labeling schemes
available for synthetic polypeptides. This motivated
the development of bacterial expression systems for
membrane proteins.

3.2. Expression and Purification of Isotopically
Labeled Membrane Proteins

Expression in bacteria,66-71 and, more recently, in
cell-free systems,72 enables milligram amounts of
isotopically labeled membrane proteins to be pre-
pared for NMR experiments. A number of factors
need to be considered in optimizing the expression

system for the preparation of samples for NMR
studies. For the expression of smaller membrane
proteins in E. coli, synthesizing the DNA encoding
the polypeptide sequence makes it possible to opti-
mize the codon usage, while E. coli host strains
optimized for the expression of rare E. coli codons
are available commercially for larger proteins. In
addition, we have found the use of fusion proteins to
be essential to express small membrane proteins in
E. coli. Depending on the system, large amounts of
the expressed fusion proteins can be found in the cell
membranes, in inclusion bodies, or, in a few ex-
amples, in the cytoplasm. The proteins are isolated
through standard methods and then cleaved from the
fusion partner with cyanogen bromide or a selective
protease. Purification is generally accomplished with
reverse-phase HPLC, as well as size-exclusion and
ion-exchange chromatography in the presence of
lipids.

The polypeptide with the amino acid sequence
corresponding to residues 2-37 of Vpu was selected
as a minimal ion channel-forming domain in order
to dissect the structural and functional properties of
this HIV-1 accessory protein.33 The ketosteroid
isomerase (KSI) fusion system was chosen for the
expression of this polypeptide because it can be
overproduced in E. coli, purified efficiently as inclu-
sion bodies by nickel chelate chromatography, and
subsequently cleaved by cyanogen bromide to yield
the polypeptide of interest. This is illustrated with
the PAGE patterns in Figure 2a. The major resolved
peak in the HPLC trace in Figure 2b corresponds to
this polypeptide, as verified by mass spectrometry.
The fractions containing the polypeptide are col-
lected, the solvents are removed, and the material is
stored as a pure powder that is used to prepare the
samples for NMR spectroscopy with the addition of
lipids and water.

3.3. Micelle Samples
As soon as the polypeptide has been purified, and

its sequence verified, samples of protein-containing
micelles are prepared for solution NMR spectroscopy.
There is a long history to preparing samples of
membrane-associated peptides and proteins in mi-
celles for solution NMR studies.45,73-76 For all polypep-

Figure 2. (A) SDS-PAGE analysis of the purification
procedure for hydrophobic membrane proteins: lane 1,
discarded soluble fractions; lane 2, inclusion bodies of the
KSI-Vpu fusion peptide; lane 3, fusion peptide purified
from Ni chelate chromatography; lane 4, mixture after
CNBr cleavage; lane 5, purified polypeptide. (B) Reverse-
phase HPLC purification of the polypeptide.
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tides, regardless of length or hydrophobicity, we use
four different lipids (SDS (sodium dodecyl sulfate),
DPC (dodecyl phosphatidyl choline), DHPC (dihex-
anoyl phophatidyl choline), LMPC (lyso myristoyl
phosphatidyl choline)) in an initial screening of
conditions for two-dimensional HSQC spectra of
uniformly 15N labeled samples. With the increasing
level of activity in the field of solution NMR of
membrane proteins, many new suggestions for lipids
and combinations of lipids are emerging.68,77 Since
the key solution NMR measurements are performed
with weakly aligned samples, it is also necessary to
simultaneously optimize the conditions for the vari-
ous gel samples, including the transfer of the protein
into the gels. These spectra are highly sensitive
monitors of the entire expression, purification, and
sample preparation process. Any doubling or anoma-
lous broadening of resonances is a warning sign that
the polypeptide is aggregated or improperly folded.45

We do not proceed with structural studies by solution
NMR or even with sample preparation in bilayers or
bicelles for solid-state NMR until these problems are
resolved. This is a crucial checkpoint. Moreover, it
is one of the reasons that it is advantageous to study
all polypeptides in parallel by solution NMR and
solid-state NMR methods. It is generally possible to
identify several combinations of lipids, concentration,
ionic strength, pH, and temperature that yield
solution NMR spectra of membrane proteins in
micelles.68-71,77-80 Resolved two-dimensional HSQC
spectra, such as that shown in Figure 3, set the stage
for structural studies by solution NMR and provide
assurance that it is worthwhile to proceed with the
preparation of bilayers and bicelle samples for solid-
state NMR experiments.

4. Solution NMR of Micelle and Small Bicelle
Samples

Bicelles50 are bilayer disks that self-assemble from
mixtures of long chain (DMPC) and short chain
(DHPC) phospholipids.81,82 The size of bicelles is
controlled by the ratio (q) of DMPC to DHPC. Small

isotropic bicelles are of interest as samples in their
own right.83,84 They also serve as controls for the use
of larger, magnetically alignable bicelles as samples
for protein structure determination by solid-state
NMR methods.85 The isotropic chemical shift fre-
quency is a highly sensitive qualitative monitor of
protein structure. If the resonance frequencies are
the same or very similar, except for line widths and
intensities, in bicelles of increasing size, then the
protein structure is not affected by the differences
in the lipid assemblies. Since small bicelles can be
weakly aligned in stressed gels,33,43,44,86 and large
bicelles can be completely aligned by the magnetic
field, these samples provide alternative ways of
accessing the orientation information from the aniso-
tropic spin interactions in samples under conditions
where the proteins are likely to have very similar
structures and local environments. They also provide
access to a wide range of dynamics.

The second major class of membrane proteins,
â-barrels, has been successfully studied in micelles.
Their more compact structures lend themselves to the
applications of TROSY-based87 pulse sequences for
improved resolution and to NOE-based methods of
structure determination.88-90

4.1. Assignment of 1H−15N HSQC Spectra
The two-dimensional 1H-15N HSQC spectra of

uniformly 15N labeled membrane proteins in micelles
are assigned using a combination of methods, includ-
ing comparisons to spectra of selectively 15N labeled
samples to identify resonances by residue type, the
measurement of short-range 1H-1H NOEs in two-
and three-dimensional experiments,91 the observation
of H/D exchange patterns to confirm the identity of
residues in stable helices, as well as triple-resonance
experiments92 on uniformly 13C and 15N labeled
samples. Even so, the assignment process is chal-
lenging because of the extensive spectral overlap
resulting from the many hydrophobic residues, the
predominantly helical secondary structure, and the
broad resonance line widths in these samples. Often
it is necessary to reassign the spectra obtained in
different micelle or bicelle environments because
minor changes in chemical shifts can be problematic
due to the crowded nature of the spectra of these
highly helical proteins.

In studies of globular proteins in solution by NMR
spectroscopy, homonuclear NOE measurements pro-
vide the principal input for structure determination
in the form of distance constraints.8-11 Unfortunately,
this experiment is not nearly as useful in studies of
helical membrane proteins in micelles because they
typically do not have observable long-range NOEs
due to their modular architecture and extensive
overlap of side chain resonances. Sufficient NOEs
were found between subunits of the trans-membrane
helix dimer of glycophorin to describe their interac-
tions and packing.93 In the membrane-bound form of
fd coat protein with two helical segments, extraor-
dinary efforts were required to extract a few NOEs
in the loop connecting the helices to characterize its
fold.94 Although subsequent studies in weakly aligned
micelles,95 and completely aligned bilayers,32 have

Figure 3. Two-dimensional HSQC spectrum of uniformly
15N labeled Vpu in micelles.
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confirmed the NOE-based structure, it is now appar-
ent that fd coat protein is an exception, and for the
most part, it will be necessary to determine the
structures of helical membrane proteins in micelles
without the use of NOEs as distance constraints.

4.2. H/D Exchange
The comparison of HSQC spectra of samples in

H2O and D2O solutions gives a useful view of the
topology of membrane proteins in micelles by iden-
tifying the subset of the most stable helical resi-
dues.76,96,97 To extend the range of exchange rates
that can be monitored to identify more subtle struc-
tural features, we developed hydrogen-deuterium
fractionation.98 The experimental data are obtained
by lyophilizing the initial NMR sample and redis-
solving the protein-containing micelles in solutions
with increasing amounts of D2O. Only one sample is
needed in order to quantitatively compare the peak
intensities. Fractionation factors are derived from the
intensities of these resonances as a function of D2O
concentration.

4.3. Relaxation Parameters
Backbone structure and dynamics are more obvi-

ously coupled in helical membrane proteins than they
are in most other classes of proteins. There are often
dramatic differences between the relaxation param-
eters for structured helical residues and, for example,
those for residues near the N- and C-termini. The
heteronuclear 1H-15N NOE, in particular, provides
a direct and sensitive indicator of the local dynamics
of membrane proteins in micelles.44,99 The experi-
mental heteronuclear NOEs for all backbone amide
sites with resolved resonances can be measured using
the method of Farrow et al.,100 with and without 1H
irradiation to saturate the 1H magnetization. The
results shown in Figure 4A give a clear indication of

the structural organization of the membrane-bound
form of Pf1 coat protein in micelles. The full set of
relaxation parameters can be analyzed quantitatively
to describe the protein dynamics. Generally, the
results for the membrane spanning helices can be fit
in a straightforward manner, since the helices pass
through the center of the micelle, which itself un-
dergoes effectively isotropic reorientation. The situ-
ations for the terminal regions of the proteins, and
the loops connecting the helices, are likely to be more
complex, since there may be extra modes of motion
not well modeled in a simple order parameter analy-
sis.101,102 There is a growing range of interpretation
methods capable of dealing with more complex
dynamics.103-105

4.4. RDCs from Weakly Aligned Samples

The orientation constraints resulting from the
measurement of residual dipolar couplings (RDCs)
have had a dramatic impact on structure determi-
nation of globular proteins in solution by NMR
spectroscopy.39,106 Their importance is even greater
for helical membrane proteins in micelles and small
bicelles because of the near-total absence of assign-
able long-range distance constraints from NOEs in
these samples. However, until recently it has been
difficult to prepare weakly aligned samples of mem-
brane proteins suitable for solution NMR experi-
ments. The well-established methods of obtaining
weak alignment of proteins cannot be applied to
protein-containing micelles; filamentous bacterioph-
ages are unstable in the presence of lipids, and
bicelles or membrane fragments simply merge with
the protein-containing micelles. We developed lan-
thanide-induced alignment of proteins for this pur-
pose.41,42 However, there are limitations to the use
of lanthanides, including the extent of alignment and
reproducibility. We now utilize an alternative ap-

Figure 4. Structure and dynamics of Pf1 coat protein in micelles: (A) heteronuclear 1H-15N NOE as a function of residue
number; (B) RDC as a function of residue number; (C) structure of the membrane-bound form of Pf1 coat protein.
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proach that relies on the use of stressed polyacryla-
mide gels.43,44,47,48,86

Because the dominant type of secondary structure
in membrane proteins is the helix, dipolar waves are
highly effective at identifying the helical residues and
the relative orientations of the helical segments.107

The first step of the analysis consists of plotting the
magnitudes of the RDCs as a function of residue
number and fitting a sine wave with a period of 3.6
residues to these data.86,95,107,108 The quality of fit is
monitored by a scoring function in a four-residue
sliding window and the phase of the fit. This is
illustrated in Figure 4B. Alignment-induced changes
in chemical shift frequencies provide complementary
conformational constraints.16,33,44,109

Another useful approach to compensate for insuf-
ficient NOEs and to determine global fold in micelle
environments involves the combination of site-
directed electron spin labeling and NMR. Electron
spin labels are incorporated in proteins at Cys
residues, and distance constraints are derived from
paramagnetic broadening of NMR resonances.110,111

Multiple distance measurements can be made by
separately incorporating spin labels into different Cys
sites. In addition, spin label probes can be incorpo-
rated within the micelles in order to probe protein
insertion.75,112,113

4.5. Structure Calculation
We utilize protocols for calculating the structures

of membrane proteins that rely primarily on the
RDCs measured in weakly aligned samples as input
to XPLOR-NIH.114 The structure of the membrane-
bound form of the Pf1 coat protein shown in Figure
4 demonstrates the feasibility of determining the
three-dimensional structures with this approach. The
first step of the calculation is high-temperature
equilibration, during which an extended conforma-
tional template of the molecule is created with
favorable bond lengths and bond angles. Helices are
locked into place for regions previously identified as
helical by dipolar waves95 with a very strong restraint
on their dihedral angles. The second step involves
the slow introduction of the residual dipolar coupling
restraints using simulated annealing to orient the
helices relative to one another and individually refine
the helices. The third step is straightforward energy
minimization; side chain conformational preferences
are applied to adjust the local geometry of the
protein. Also included in this protocol is a database
term that biases the sampled conformational space
on the basis of Ramachandran plot energies and
ensures that the packing geometry is reasonable for
the under-restrained regions of the protein, which
include the N- and C-terminal and loop residues at
the current stage of the research. For Pf1 coat
protein, four families of solutions were obtained,
which is the same result found on the basis of dipolar
waves.95 One family could be selected by reference
to the solid-state NMR data, assuming that the
protein has the same structure in micelles and
bilayers. The three-dimensional structure of the
membrane-bound form of Pf1 coat protein is shown
in Figure 4C.

5. Solid-State NMR of Lipid Bilayer Samples

5.1. Oriented Planar Bilayer Samples
Solid-state NMR spectroscopy is being widely ap-

plied to membrane proteins using both aligned
sample and magic angle sample spinning
approaches.5,30,35,115-136 The basic structural organiza-
tion of helical membrane proteins, with their well-
delineated helical domains that have either trans-
membrane or in-plane configurations, means that
they are particularly well suited for aligned sample
approaches.

Fortunately, it is generally easier to prepare uniax-
ially aligned samples of membrane proteins in bilay-
ers than it is to crystallize them. Nonetheless, it is
still a demanding task to prepare the well-aligned
samples of membrane proteins in lipid bilayers that
yield well-resolved solid-state NMR spectra. Two
different methods for aligning lipid bilayers on glass
plates are used (reviewed in refs 66 and 137). These
are deposition from organic solvents followed by
evaporation and lipid hydration, and fusion of unila-
mellar reconstituted lipid vesicles with the glass
surface. Before insertion into the square coil of the
NMR probe, the stacked glass plates are placed in a
thin film of polyethylene, which is heat-sealed to
maintain sample hydration during the experiments.

In the early stages of the investigation, one-
dimensional solid-state NMR spectra of uniformly 15N
labeled samples are used to screen sample conditions.
For example, the distinctive dip to the baseline in
the middle of the spectrum (near 150 ppm) in Figure
5 is indicative of a well-oriented membrane protein.
If the sample contained a significant amount of
unoriented protein, then the associated powder pat-
tern intensity would appear in all regions of the
spectrum, including in the relatively clear region near
150 ppm. In addition, these spectra give the first view
of the dynamics of the protein backbone on the 104

Hz time scale of the 15N amide chemical shift interac-
tion.

5.2. Magnetically Aligned Bicelle Samples
The ideal sample for structure determination of

membrane proteins can be envisaged as a mixture

Figure 5. One-dimensional 15N NMR spectrum of uni-
formly 15N labeled Vpu in bilayers aligned between glass
plates.
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of lipids, water, and salts that when added to the
purified polypeptide self-assembles into bilayers where
the protein is in its active, native conformation. The
bilayers would then provide the environment that
both immobilizes the protein and aligns it magneti-
cally, fulfilling the two prerequisites of structure
determination by solid-state NMR of aligned samples.
This is remarkably close to the description of large
bicelles, which are promising samples for NMR
studies of membrane proteins.50,82,138 Since the protein-
containing bicelles are in aqueous solution, they
ensure that the proteins and lipids are fully hydrated,
and they enable the use of a sealed sample tube,
which contributes greatly to sample stability. Struc-
ture determination by solid-state NMR of aligned
samples is predicated on the molecules being im-
mobile and uniaxially aligned parallel to the direction
of the applied magnetic field.22,139 Large bicelles
naturally align perpendicular to the direction of the
applied magnetic field; however, they can be flipped
to the parallel orientation by the addition of lan-
thanide ions,51 and it is possible to obtain high-
resolution solid-state NMR spectra of membrane
proteins aligned in this way.85

5.3. PISEMA Spectra of Uniformly 15N Labeled
Samples

We developed the PISEMA (polarization inversion
spin-exchange at the magic angle) experiment37 and
its successor, SAMMY,38 to obtain high-resolution
separated local field spectra of uniformly labeled
samples of aligned proteins. The experimental two-
dimensional 1H-15N PISEMA spectrum of the trans-
membrane channel-forming domain of Vpu,33 shown
in Figure 6, has excellent resolution because the
angular dependencies of the heteronuclear dipole-
dipole and chemical shift interactions are favorable
for helices tilted slightly with respect to the direction
of the magnetic field. We have developed,25,28 and
applied to membrane proteins,17,27 three-dimensional
versions of the experiment as well as a four-
dimensional experiment,26 capable of providing ad-
ditional resolution for larger proteins. The spectra
of several uniformly 15N labeled membrane proteins
in oriented lipid bilayers have been resolved using
these experiments.32-35

5.4. Analysis and Assignment of PISEMA Spectra

The anisotropy of nuclear spin interactions results
in a unique mapping of structure to the resonance
frequencies observed in the NMR spectra of com-
pletely aligned samples. The wheel-like pattern of
resonances in the experimental PISEMA spectrum
in Figure 6 is typical of that observed for helical
membrane proteins in aligned samples. We refer to
these patterns as PISA (polarity index slant angle)
wheels.140,141 The principles of protein structure and
NMR spectroscopy that result in PISA wheels are
illustrated in Figure 7. In Figure 7A, the helical
wheel projection down the axis of an R-helix shows
that the 3.6 residues per turn periodicity results in
an arc of 100° between adjacent residues in the
helical wheel, that is mirrored in their resonances
in the PISA wheel, shown in Figure 7C. The orienta-
tions of the principal axes of the 15N chemical shift
and 1H-15N heteronuclear dipole-dipole interactions
in the molecular frame of reference are shown in
Figure 7B.142 The 17° difference between the align-
ments of these two interactions, in the plane of the

Figure 6. Experimental PISEMA spectrum of uniformly
15N labeled trans-membrane ion-channel domain of Vpu
in bilayers aligned on glass plates.

Figure 7. Principles of PISA wheels. (A) Helical wheel showing the 100° arc between adjacent residues that is a consequence
of the periodicity of 3.6 residues per turn in an R-helix. (B) Orientations of the principal elements of the spin interaction
tensors associated with 15N in a peptide bond. σ11, σ22, and σ33 are the principal elements of the 15N chemical shift
interaction tensor, and the 1H-15N dipolar coupling interaction is along the NH bond. σ33 is in the peptide plane and
makes an angle of 17° with the NH bond. (C) PISA wheel for an ideal R-helix. (D) Dipolar wave for an ideal R-helix.
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peptide bond, plays a crucial role in the resolution of
the spectra, as well as providing orientation con-
straints for structure determination. The character-
istic wheel-like pattern of resonances calculated for
a two-dimensional PISEMA spectrum of an ideal
helix is shown in Figure 7C, and the corresponding
dipolar wave, which is a plot of the dipolar coupling
as a function of residue number, is shown in Figure
7D.

Figure 8A contains PISA wheels for an ideal
R-helix at four different tilt angles, ranging from
parallel to the field for a trans-membrane helix to
perpendicular to field for a helix on the surface of
the bilayer. When the helix axis is parallel to the
direction of the applied magnetic field, all amide sites
have the same orientation relative to the direction
of the applied magnetic field; therefore, all of the
resonances overlap. Tilting the helix away from
parallel breaks the symmetry and introduces varia-
tions in the orientations of the amide NH bond
vectors relative to the field. This is manifested as
dispersions in the chemical shift and dipolar coupling
frequencies. All trans-membrane helices studied to
date are tilted with respect to the bilayer normal, and
it is the combination of the tilt and the difference
between the direction of the principal element of the
15N amide chemical shift tensor and the NH bond
vector that makes it possible to resolve many reso-
nances in helical membrane proteins. Notably, stud-

ies in lipids with different chain lengths show that
helix tilt is not appreciably affected by the membrane
hydrophobic thickness.109,135

Figure 8B presents the dipolar waves that cor-
respond to the PISA wheels shown in Figure 8A,
while dipolar waves from the residual dipolar cou-
plings measured for helices in weakly aligned samples
are shown in Figure 8C. The similarities between the
wave patterns in Figure 8B and C reflect the con-
vergence of solid-state and solution NMR approaches
to protein structure determination that is a conse-
quence of the use of aligned samples. Both PISA
wheels and dipolar waves can be used to determine
the absolute (solid-state NMR) or relative (solution
NMR) tilts of helices. PISA wheels have the advan-
tage that they do not require resonance assignments
but the disadvantage that they are susceptible to
distortions due to site-to-site variations in the chemi-
cal shift tensors. Thus, by utilizing only the dipolar
couplings, the analysis of dipolar waves minimizes
errors in the determinations of the tilt angles. In
practice, the uses of PISA wheels and dipolar waves
are complementary, and they are analyzed jointly.

The PISA wheels for two different helix rotations
(polarities) are identical, because the dipolar and
chemical shift frequencies reflect only the tilt of the
helix axis relative to the magnetic field. However, as
illustrated in Figure 9, the spectra differ in their
resonance assignments, whose patterns mirror ex-

Figure 8. (A) Ideal R-helix tilted at 0°, 30°, 60°, and 90° relative to the direction of the applied magnetic field. (B) PISA
wheels corresponding to the various tilt angles. (C) Dipolar waves derived from the corresponding PISA wheels. (D) Dipolar
waves for a weakly aligned sample.
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actly the polarity of the corresponding helical wheel.
Consequently, the PISA wheel patterns in experi-
mental spectra can be used to assist the assignment
process.32,143 The sequential assignment of one resi-
due or the identification of a few residues by type
and their position on the rim of the PISA wheel (or
the phase of the dipolar wave) directly determines
the rotational orientation (polarity) of the R-helix
about its long axis. Proteins that are selectively
labeled (by residue type) can be readily prepared, and
their spectra are instrumental in the identification
of the positions of specific residues in experimental
PISA wheel spectra and dipolar wave plots. This
determines the polarity of the helix in the membrane.
Examples are shown in Figure 9 for both single and
multiple site labels in a helix. In addition to deter-
mining the rotation of the helix in the bilayers, these
patterns assist in the assignment of the complete

spectrum of a protein because of the direct connection
between the structure and its representation in the
spectra.

The assignment process begins with the acquisition
of PISEMA spectra from one uniformly 15N labeled
sample and several selectively 15N labeled samples.
NMR spectra of selectively labeled samples are
routinely used to assign resonances to types of amino
acids; however, in this application they provide
additional information. In the experimental PISEMA
spectra from one uniformly 15N labeled sample and
four selectively 15N labeled samples in Figure 10, a
single resonance is observed for each labeled back-
bone amide site. These spectra illustrate how the
wheel-like pattern for a trans-membrane helix
emerges from the data. The pattern of the alanine
resonances alone is sufficient to index the wheel and
determine the helix polarity. The rest of the reso-

Figure 9. For an ideal R-helix tilted at 20° relative to the magnetic field, the position of a resonance from a particular
residue in the wheel-like pattern is determined by its absolute rotation relative to the long axis of the helix. When a type
of residue is present in multiple locations, the pattern of resonances is also uniquely a function of the rotation of the helix.
Simulations are shown for a hypothetical Ala selective label and a Val selective label in the amino acid sequence shown
on the bottom of the plots for the same helix.
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nances in the pattern can then be assigned by
inspection. The method can be readily extended to
three-dimensional spectra if additional resolution is
needed. Further, it is possible to select a single
peptide plane orientation out of the four symmetry-
related possibilities that are consistent with the pair
of frequencies associated with each resonance in a
PISEMA spectrum because the orientation of each
peptide plane in an R-helix can be predicted from the
helix tilt and rotation angles, and helical and PISA
wheels can be divided into four pie-shaped sections,
corresponding to the four symmetry-related peptide
plane orientations.32,143 The full application of “shot-
gun” NMR32 (named for the spread of labeled sites
in the sequence and on the PISA wheel target) where
the assignment and structure determination pro-
cesses are performed in parallel, rather than sequen-
tially, yields both complete resonance assignments
and unique structures from the NMR data.31-33,143

Inevitably, there will be some resonances that
cannot be assigned with the shotgun approach.
Certain elements of the mapping of structure onto
the spectra are useful in establishing partial assign-
ments and, in combination with many established
assignments, can yield unique assignments. A num-
ber of spectroscopic approaches for assigning reso-
nances have been developed. Both dilute and abun-
dant homonuclear spin-exchange discriminate strongly
toward nuclei in close proximity and have been
integrated into multidimensional solid-state NMR
experiments. We have utilized spin-exchange as a
method for associating resonances from sites in
adjacent residues for assignment purposes. In an
early example,144 two-dimensional homonuclear 15N
spin-exchange experiments were used to identify
pairs of nitrogens in adjacent peptide bonds for
assignment purposes. In most cases, it is performed
as a three-dimensional experiment, and this was
used to assign resonances in the trans-membrane

helix of the acetylcholine receptor M2 ion channel.34

Abundant spin-exchange relies on homonuclear di-
pole-dipole couplings among 1H sites. There are
several advantages to abundant spin-exchange ex-
periments, including the use of a much shorter
mixing time which reduces the overall time of the
experiments, the generally shorter internuclear 1H-
1H distances, and the well-established relationships
among hydrogens in various protein structures as
used in solution NMR.8-11 We have also implemented
a variety of triple-resonance experiments on oriented
protein samples to obtain sequential assignments of
13C and 15N backbone resonances. Initially, reso-
nances were assigned by selective double labeling
with 15N amino and 13C carbonyl labeled samples;145

subsequently, this approach has been extended using
multidimensional experiments.146 Significantly, this
does not depend on the type of structure and,
therefore, can be applied equally well to residues in
helices and turns. Standard procedures such as
comparing spectra in H2O and D2O solutions are also
effective in selecting among several possible assign-
ments.31,33,35,147

5.5. Analysis of Orientation-Dependent Results
While the initial motivation for the development

of the interpretation methods was the analysis of
experimental PISEMA spectra of completely aligned
proteins, the emergence of residual dipolar couplings
as a structural tool allows the data obtained from
weakly aligned soluble proteins or from membrane
proteins in micelles to be analyzed in a parallel
manner. PISA wheels and dipolar waves involve the
analysis of the periodic patterns observed in the
spectral data and are applicable to results from both
solid-state NMR of completely aligned samples and
solution NMR of weakly aligned samples. In the case
of dipolar waves, the periodic function is obtained by
using a simple distribution on a cone assuming a

Figure 10. PISA wheel analysis of the PISEMA spectrum of Vpu: (a) uniformly 15N labeled; (b) 15N Ile (blue); (c) 15N Val
(red); (d) simulated ideal PISA wheel with resonances corresponding to the Ile (blue), Val (red), Ala (green), and Leu
(magenta); (e) 15N Ala (green); (f) 15N Leu (magenta).
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constant angle between the N-H bond and the helix
axis. As a result, the dipolar couplings of helices
exhibit wavelike patterns as a function of residue
number; the same effects have been noted for the
chemical shift interaction. Dipolar waves provide
independent validation for the geometry of R-helices.
They provide a direct and reliable measure of the
regularity of R-helices, since they are independent of
the magnitudes and orientations of the 15N chemical
shift tensor. Comparisons of experimentally mea-
sured dipolar couplings, modeling studies, and bio-
informatics have shown that the helices found in
proteins typically satisfy this ideal approximation
quite well. The frequency due to a dipolar coupling
at a 15N labeled backbone amide site is determined
by the angle that an N-H bond forms with respect
to the direction of the applied magnetic field.

Deviations from ideality have a pronounced effect
on the appearance of PISA wheels and dipolar waves.
In general, however, the 100° rotations between
adjacent residues in the sequence preserve the gen-
eral wheel-like pattern of resonances from helical
residues. Without the influence of chemical shift
variability, dipolar waves are highly predictable and
reliable indicators of molecular structure. The simu-
lated patterns in Figure 11 demonstrate the effects
of deviations from ideal geometry on the appearance
of dipolar waves. In general, the periodicity is unaf-
fected, while the changes in average value and
amplitude reflect the change in orientation of the
local helix axis. Curvature gradually changes these
values, and kinks cause abrupt changes.56,95,148

Figure 12 illustrates the analysis of the orientation-
dependent frequencies measured from the resonances

in the spectrum of the uniformly 15N labeled trans-
membrane helix of Vpu, shown in Figure 6, and the
assignments derived from the spectra of the selec-
tively 15N labeled samples using the “shotgun” ap-
proach. To focus on the principal structural features
of the domain, the sequence is divided into two
segments: residues 8-16 (blue) and residues 17-25
(red). The second column (Figure 12d and e) repre-
sents the ideal PISA wheels that correspond to the
experimental data, showing that the two segments
of the helix have different tilt angles. The magnitudes
of the dipolar couplings measured from the PISEMA
spectrum of a uniformly 15N labeled sample of Vpu
are plotted as a function of residue number in Figure
12f. The magnitudes of the residual dipolar couplings
measured from the IPAP spectrum of the weakly
aligned micelle sample are shown in Figure 12g.

The measured value of the dipolar coupling of Ile17
deviates markedly from the sinusoidal functions that
fit well to the neighboring sites, indicating that there
is a deviation from ideality of the helix near Ile17.
The different amplitudes and average values of the
sine waves show that there is a kink in the helix at
residue 17 and that the two helical segments have
slightly different orientations. The results for the
trans-membrane helix domain of Vpu are consistent
in showing a kink at residue 17 in both micelle
(Figure 12g) and bilayer (Figure 12f) samples. The
tilt angles of the helical segments in the lipid bilayer
can only be defined from the solid-state NMR data
where the alignment frame is established by the
placement of the sample in the magnet. Residues
8-16 have a tilt angle of 12° with a rotation 52°, and
residues 18-26 have a tilt angle of 15° with a

Figure 11. 1H-15N dipolar couplings simulated for (A) a straight ideal R-helix, (B) an R-helix with a 55 Å radius of
curvature, and (C) an ideal R-helix with a 20° kink with their average axis tilted 15° relative to the alignment z-axis.
(D-F) The average error per point shows that the periodicity in all cases is 3.6 except near the ends, where there is some
deviation. (G-I) The phase is also diagnostic, where the kink is evidenced by a slight change in the phase of one sinusoid
relative to the other.
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rotation of 59°. The two distinct components of the
trans-membrane helix kinked at Ile17 are repre-
sented by tubes in Figure 12h.

5.6. Structural Fitting
Structural fitting is a recently developed approach

that is complementary to the direct calculation of
protein structures from the orientation-dependent
frequencies.149 When all of the resonances are as-
signed to residues in the protein, then results of
structural fitting are indistinguishable from direct
calculation. In both approaches, the NMR data yield
only one solution and a unique structure is obtained.
It has been shown to identify kinks and other
deviations from ideality in helices, in complete agree-
ment with features from the mapping found in
spectra. This is accomplished by the fitting of the
spectrum to a model structure assuming a constant
peptide plane geometry. When the resonances are
assigned, the Ramachandran backbone dihedral
angles, φ and ψ, are considered the only degrees of
freedom. The whole structure is assembled by the
sequential walking from one residue to the next,
calculating the backbone dihedral angles, φ and ψ,
directly from two orientation-dependent frequencies
for these residues. In addition, it can utilize partial
assignment information and has the potential to be
an “assignment-free” approach to structure determi-
nation.

When a structure is calculated from solid-state
NMR data, three sources of error can be anticipated.
The first arises from imperfections in the experi-
ments, for example, incomplete decoupling or sample
misalignment, which can lead to incorrect measure-

ments of the frequencies. The second source is the
residue-to-residue variability of the magnitudes and
orientations in the molecular frame of the principal
components of the chemical shift tensor. Finally, it
is not always clear whether deviations in the spec-
trum of a helical protein from an ideal PISA wheel
are due to the variations in the dihedral angles φ and
ψ or to a combination of the first two sources of error.
Taken together, these three uncertainties determine
the accuracy of the structural fit, since multiple
solutions for φ and ψ, consistent with the experimen-
tal measurement (hence for the overall structure),
may be possible within the limits of experimental
errors and uncertainties in the spin interaction
tensors. To assess the error in structure calculations,
we perform the following statistical analysis. For
every calculation of the Ramachandran angles be-
tween two consecutive frequency points, each of the
principal values of the chemical shift tensor are
allowed to vary within (5 ppm relative to their
canonical values. The experimental accuracy for the
determination of the spectral positions is conserva-
tively estimated to be (100 Hz in each frequency
dimension; in other words, a solution for the torsion
angles φ and ψ is regarded as plausible if the
calculated frequency point was lying within a 100 Hz
radius relative to the experimental point. The rmsd’s
of the multiple solutions relative to the average
structure are then used to estimate the accuracy and
uniqueness of the structural fitting.

A structural fit to a fully assigned spectrum is
equivalent to a direct calculation of the protein
structure, and this is shown in Figure 13 for Vpu.
The structure was calculated sequentially from the

Figure 12. (a-c) Representations of the experimental PISEMA spectrum of Vpu2-30+ in completely aligned bilayers: (a)
residues 8-25; (b) residues 8-16; (c) residues 17-25. (d and e) Ideal PISA wheels with uniform dihedral angles (φ ) -57°;
ψ ) -47°) corresponding to the experimental data: (d) residues 8-16 with the tilt angle 12°; (e) residues 17-25 with the
tilt angle 15°. (f) Dipolar waves of 1H-15N unaveraged dipolar couplings obtained from completely aligned bilayers. (g)
Dipolar waves of 1H-15N residual dipolar couplings obtained from weakly aligned micelles. (h) A tube representation of
the trans-membrane helix of Vpu in lipid bilayers.
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N terminus to the C terminus, giving the torsional
angles (φ and ψ) between each pair of residues.
Therefore, there are no ambiguities with respect to
the relative orientations of the helical segments. By
performing repeated structural fits to the experimen-
tal data within its estimated error range, one hun-
dred structural solutions were generated and super-
imposed. They have a mean rmsd of <1 Å relative to
the average structure, which provides an estimate
of the precision of the structure determination. The
structure of the trans-membrane helix determined
by structural fitting has an average tilt angle of 13°
with respect to the bilayer normal (Figure 13a) and
a slight kink at Ile17 in the middle of the helix
(Figure 13b). The average values for the Ramachan-
dran angles between residues 16 and 17, where the
kink occurs, are calculated as φ ) -71° and ψ )
-37°. There is complete consistency between the
analysis of the PISA wheels and dipolar waves
presented in Figure 12 and the results of structural
fitting presented in Figure 13. Also, a structure of
Vpu was calculated using a simulated annealing
protocol in XPLOR-NIH,114 with restraints for helical
dihedral angles and dipolar couplings. This is equiva-
lent to refining the structure of an R-helix with an
established orientation.

5.7. Three-Dimensional Structures of Proteins
from Orientation Constraints

In the most general approach to structure
determination of completely aligned
samples,24,34,58,139,145,150-154 it is necessary to measure
two or more frequencies for each residue of a protein
in order to determine the orientation of a peptide

plane. Once the orientations of all of the individual
peptide planes are determined experimentally, then
the planes are assembled into a complete protein
structure because they are all related to the common
axis defined by the direction of the applied magnetic
field. Side chain orientations can be determined in a
similar manner.139 A key feature of this approach is
that experimental determinations are made relative
to an external nonmolecular axis; therefore, the
effects of errors and uncertainties in tensors and bond
lengths do not accumulate. Previous determinations
of protein structures by solid-state NMR relied on
orientation constraints derived from the frequencies
of independently assigned resonances.30,34,125,145 Newer
versions of the approach explicitly exploit the map-
ping of structure into the spectra and combine the
assignment and structure determination steps. In
practice, we apply four complementary methods of
interpretation to the solid-state NMR data as they
are obtained. Once the full data sets are available,
these approaches provide important checks on as-
signments and structural findings. These methods
are referred to as PISA wheels,140,141 dipolar waves,95,107

structural fitting,149 and direct structural calcula-
tion.24,152

The chemical shift and dipolar coupling frequencies
of the PISEMA resonances provided the sole input
for structure determination of the membrane-bound
form of fd coat protein in lipid bilayers shown in
Figure 14. The 16-Å-long in-plane helix (residues
8-18) is amphipathic and rests on the membrane
surface, with the boundary separating the polar and
nonpolar residues parallel to the lipid bilayer surface
and with the nonpolar residues facing the hydrocar-
bon core of the lipid bilayer (Figure 14C). The
aromatic residues, Phe11 in the in-plane helix and
Tyr21 in the trans-membrane helix, are near this
boundary region and approximately equidistant from
the hydrophobic central core of the lipid bilayers. The
35-Å-long trans-membrane helix (residues 21-45)
crosses the membrane at an angle of 26° up to residue
Lys40, where the helix tilt changes to 16° (Figure 14A
and B).

Figure 13. (a) Superimposition of 100 calculated backbone
structures of the trans-membrane helix of Vpu. (b) A 90°
rotation of panel part a to the vertical axis. (c) A 30° tilt of
panel part b toward the reader. The structures were
obtained by structural fitting of the experimental solid-
state NMR data and are aligned for the best overlap of
residues Ile8-Val25. The average tilt of about 13° relative
to the membrane normal and a slight kink near residue
Ile17 are apparent when it is noted that the plane of the
average tilt of the helix does not coincide with the plane of
the kink.

Figure 14. Structure of the membrane-bound form of the
fd coat protein in lipid bilayers with the in-plane helix in
magenta, the trans-membrane helix in blue, and the short
connecting turn in yellow. The flexible N- and C-termini
are not shown. (A) Side view showing the 26° tilt of the
TM helix. The dashed gray lines mark the lipid bilayer
membrane boundary. The direction of the applied magnetic
field is parallel to the arrow. (B) Front view. (C) N-terminal
view of the in-plane helix CR atoms. The dashed gray line
marks the boundary between hydrophilic and hydrophobic
(gray) residues.
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The availability of uniformly 13C and 15N labeled
samples will provide spectroscopic access to all of the
backbone and side chain sites of proteins. Although
we have focused largely on 15N labeled sites because
of their strategic locations in the backbone of polypep-
tides and the ready opportunities for selective and
uniform labeling, PISEMA, SAMMY, and related
experiments are generally applicable. There are a
number of reasons for extending the experiments to
13C sites, including the substantially stronger 1H-
13C dipolar coupling resulting from 13C having a
higher gyromagnetic ratio. 13C labels provide access
to the important 13C backbone site, with its single
bonded hydrogen (except for Gly) as well as aliphatic
and aromatic side chains. 15N and 13C detected
versions of several triple-resonance experiments
on single-crystal samples of labeled model pep-
tides,146,155-157 and aligned bacteriophage146 samples,
have been described.

5.8. Additional Experimental NMR Constraints
Triple-resonance experiments provide a mechanism

for using a combination of heteronuclear correlation
experiments, previously assigned 15N resonances, and
homonuclear dilute spin-exchange among selectively
and uniformly labeled 13C sites to obtain resonance
assignments. Significantly, these same experiments
can be used to measure additional orientation con-
straints as further input for structure determination.
In addition to the 1H, 13C, and 15N chemical shift
frequencies, the 1H-15N, 13C-15N, and 1H-13C dipole-
dipole couplings are readily measured orientation-
dependent frequencies. While the N-H and CR-N
couplings define the orientation of the peptide plane,
the 1HR-13CR dipolar interaction occurs along an out-
of-plane axis. As an independent orientation con-
straint, it significantly reduces the number of sym-
metry-related possibilities for the torsion angles φ
and ψ between adjacent peptide planes. It directly
addresses issues related to ambiguities at loops
connecting helices in membrane proteins.

A few distance measurements can resolve among
ambiguities associated with the packing of helices in
membrane proteins. There are several families of
solid-state NMR experiments that measure inter-
nuclear distances. The same dilute spin-exchange
experiments used to assign resonances provide semi-
quantitative distance constraints.144,158 Abundant
spin-exchange can also be applied to stationary
oriented samples28 or in unoriented samples with
magic angle sample spinning.159,160 The distance
range is substantially longer. While this experiment
can suffer from a lack of specificity due to spin-
diffusion, it is possible to tailor the transfer pathways
using a combination of deuteration and multiple-
pulse sequences.

Rotational echo double resonance (REDOR) spec-
troscopy developed by Schaefer and co-workers161 is
widely applied to structural problems in proteins
because it provides very accurate distance measure-
ments between selected sites. It has been used on
several membrane-associated polypeptides.64,131,162-164

This experiment relies on the placement of labels in
favorable locations, which can be designed on the

basis of the initial structural models. In addition,
REDOR can provide the limited amount of distance
information needed for the structures based on
orientation constraints to converge. Proton-driven
spin-exchange provides distance constraints in magic
angle sample spinning experiments on unoriented
samples.165-167 A wide variety of pulse sequences that
recouple the dipolar interactions that are averaged
out by magic angle sample spinning are being imple-
mented on proteins.117,168,169

As described for solution NMR studies of membrane-
associated peptides and proteins,111,112 electron spin
labels incorporated into specific sites, for example,
on Cys side chains, enable distance-dependent line
broadening to be used as a constraint for structure
determination that is complementary to the orienta-
tion constraints available from the nuclear spin
interactions alone.

The incorporation of 19F labeled amino acids in the
proteins provides opportunities to measure both
orientation and distance parameters that have loca-
tions and principal axes that do not overlap with
those of the 1H, 13C, and 15N sites in labeled proteins.
Thus, this is a method for placing both individual
residues and segments of secondary structure in the
context of the overall protein structure. 19F has a
large chemical shift anisotropy in most environments,
and combined with a high gyromagnetic ratio, it has
a wide frequency range. In some circumstances, it is
possible to design the labeling pattern and experi-
ments to measure internuclear distances between
two 19F sites or between 19F and 13C or 15N sites.
Prototype experiments have been performed on gram-
icidin in aligned bilayers,170 and recently Ulrich and
co-workers171 have studied a variety of 19F labeled
polypeptides in aligned bilayers. McDowell et al.172

have demonstrated that the combination of 19F with
13C labeling enables the measurement of REDOR
experiments over relatively long ranges in unoriented
samples with magic angle spinning. The measure-
ment of a few selective distances provides very strong
constraints on folding.

5.9. Measurement and Analysis of Motionally
Averaged Line Shapes from Backbone and Side
Chain Sites

The line shapes of 15N backbone173 and 2H labeled
side chain resonances of labeled polypeptides in
unoriented lipid bilayer samples are key indicators
of local backbone and side chain fluctuations.174-177

It is feasible to extend this approach to 13C labeled
backbone and side chain sites.178 This enables NMR
to provide a fully integrated description of the
structure and dynamics of membrane proteins in
bilayer environments over a wide range of time
scales.

6. Comparison of Results from Solution NMR and
Solid-State NMR

The secondary structures and relative orientations
of the helices in the membrane-bound form of fd coat
protein can be directly determined from the experi-
mental data and fits to sinusoids shown in Figure
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15.86 The results of three experiments on two differ-
ent polypeptides, full-length fd coat protein and the
20-residue fdN peptide, that corresponds to the N-
terminal amphipathic helix of the coat protein, are
analyzed in the figure. The dipolar couplings in
Figure 15A were measured on a sample of the coat
protein in completely aligned bilayers, while those
in Figure 15B and C were measured from samples
of the 50-residue and 20-residue polypeptides, re-
spectively, in weakly aligned micelles. The protein
has very similar properties in bilayer and micelle
environments. For example, using the periodicity of
the oscillations of the dipolar couplings as a strict
criterion, the number of residues in the N-terminal
amphipathic helix is well defined and nearly identical
in all three samples. Similarly, the length and other
properties of the hydrophobic helix in the full-length
protein are the same in micelles and bilayers. The
average error per measurement for the fit of a four-
residue sliding window function is shown in Figure
15D-F and the absolute phases for each window are
shown in Figure 15G-I. The large increase in the
score between residues Gln15 and Ile22 in Figure
15D and E is evidence of the lack of periodicity in
the structures of the residues in the loop connecting
the two helices. The helices are straight within
experimental error, as evidenced by the low fitting
errors for each helix.

The amphipathic R-helix begins at Ala7 (which
follows Pro6) and ends at Thr19 in bilayers and Ser17
in micelles. There are few discernible differences in
the N-terminal helix due to the presence of the
hydrophobic helix, demonstrating that the two helices
are independent structural entities. In addition, there

are no noticeable differences in the properties of this
helix in micelle and bilayer samples, indicating that
this helix is not affected by the micelle curvature or
another property of the lipid assembly. This differs
from a recent result on a different, longer polypeptide
compared in micelle and bicelle samples.43 The posi-
tions of residues Phe11, Trp26, and Phe42 are
highlighted in red (Figure 15A, B, and C) to charac-
terize the rotations of the helices in the context of
dipolar waves.

A detail of the membrane-bound form of the coat
protein structure that may have significance when
it is assembled into bacteriophage particles is the
change in helix direction after residue Gly38. Re-
markably, this same kink is found in the membrane-
bound form of the protein, in both micelles (Figure
15A) and bilayers (Figure 15B), and in the structural
form of the protein that interacts with DNA but not
lipids in the coat of the bacteriophage particles.31 This
kink is evident from the rise in the score for that
region of the helix in Figure 15D and less dramati-
cally in Figure 15E. In addition, the irregular pat-
terns of the dipolar couplings of the residues con-
necting the amphipathic and hydrophobic helices
demonstrate that there are substantial differences
between the short bend in bilayers and the larger,
more complex loop structure in micelles. There is
evidence from relaxation data that these residues
have internal mobility in the micelle samples. In
bilayers, the trans-membrane helix begins at residue
Tyr21, while in lipid micelles this helix begins at
Trp26. This points to the importance of paying
particular attention to residues near the bilayer
interface in structural studies of membrane proteins.

Figure 15. Experimentally measured dipolar couplings are shown for (A) fd coat protein in completely aligned bilayers,
(B) fd coat protein in weakly aligned micelles, and (C) fdN (N-terminal 20 residues) in weakly aligned micelles. All datasets
are shown with the best-fitting sinusoid and the parametrized expression yielding the tilts and rotations of the helices in
the alignment frame. Shown below each dataset is (D-F) the rmsd to an ideal sinusoid and (G-I) the absolute phase of
that sinusoid for each point. The positions of residues Phe11, Trp26, and Phe42 are highlighted in red (A, B, C) to
characterize the rotations of the helices in the context of dipolar waves.
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In general, the small size of the linkages in lipid
bilayers restricts the possible relative orientations of
the two helices and can be used to resolve the
ambiguities in possible orientations. The two helical
segments are connected by a short turn (Thr19-
Glu20) that differs from the longer loop (residues 17-
26) determined for the same protein in lipid mi-
celles.94 This may be due to differences between the
micelle and bilayer environment or to the limitations
with working with the few long-range NOE restraints
observed in solution NMR studies of helical mem-
brane proteins. Both reasons argue in favor of the
use of lipid bilayer samples for structure determina-
tion of membrane proteins.

7. Current Status
Recent X-ray diffraction structures of channel-

forming proteins provide considerable detail about
the properties of helices in membrane proteins.
Partial145 and complete30-34,125 structure determina-
tions of proteins by solid-state NMR have utilized
completely aligned samples. In addition, substantial
progress is being made in applying this approach to
polycrystalline and other types of disordered protein
samples.166,179-182 Recent developments in NMR pulse
sequences, methods for data analysis, and methods
for protein expression have enabled solid-state NMR
spectra,17,148,179,183-191 and structures,30-34,166,180,191,192

to be obtained from several protein and peptide
samples. Several atomic-resolution structures have
been deposited in the Protein Data Bank (PDB), and
those determined in oriented bilayer samples are
shown in Figure 16.

Figure 16 shows the six structures of membrane
proteins that have been determined by solid-state
NMR spectroscopy. With the exception of gramicidin,
none of the proteins have been crystallized, and none
of the proteins in bilayers can be made to reorient
rapidly enough to be studied by solution NMR
spectroscopy. Therefore, these structures could only
be determined by solid-state NMR spectroscopy.
Moreover, solid-state NMR yields very accurate
representations of the structures, with backbone
RMSDs less than 1 Å at this still-early stage of
development of the method. Many membrane pro-
teins with between 50 residues and 200 residues are
currently under investigation, and the experimental
methods and instruments are being further devel-
oped so that the structures of substantially larger
polypeptides can be determined.
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